Oleoylethanolamide (OEA) is a lipid mediator that inhibits food intake by activating the nuclear receptor peroxisome proliferator-activated receptor-α (PPAR-α). In the rodent small intestine, OEA levels decrease during food deprivation and increase upon refeeding, suggesting that endogenous OEA may participate in the regulation of satiety. Here we show that feeding stimulates OEA mobilization in the mucosal layer of rat duodenum and jejunum, but not in the serosal layer from the same intestinal segments, in other sections of the gastrointestinal tract (stomach, ileum, colon), or in a broad series of internal organs and tissues (e.g., liver, brain, heart, plasma). Feeding also increases the levels of other unsaturated fatty-acid ethanolamides (FAEs) (e.g., linoleoylethanolamide) without affecting those of saturated FAEs (e.g., palmitoylethanolamide). Feeding-induced OEA mobilization is accompanied by enhanced accumulation of OEA-generating N-acyl phosphatidylethanolamines (NAPEs), increased activity and expression of the OEA-synthesizing enzyme NAPE-phospholipase D (NAPE-PLD), and decreased activity and expression of the OEA-degrading enzyme fatty-acid amide hydrolase (FAAH). Immunostaining studies revealed that NAPE-PLD and FAAH are expressed in intestinal enterocytes and lamina propria cells. Collectively, these results indicate that nutrient availability controls OEA mobilization in the mucosa of the proximal intestine through a concerted regulation of OEA biosynthesis and degradation.
oleoylethanolamide (OEA) may also be involved (2) . OEA is synthesized in the small intestine of various vertebrate species, where its levels decrease during food deprivation and increase upon refeeding (3) (4) (5) . The possibility that these fluctuations represent a satiety signal is suggested by experiments in rodents, which show that pharmacological administration of OEA delays meal initiation and prolongs the interval between successive meals, resulting in a persistent inhibition of food intake (3, (6) (7) (8) . These anorexiant effects are strikingly different from those elicited by traditional satiety factors such as CCK, which reduce meal size without affecting the interval between meals (9) . Moreover, the hypophagic actions of OEA differ from those exerted by GLP-1 (10) and corticotropin-releasing factor (CRF) (11) , in that they are not accompanied by behavioral signs of malaise and anxiety or by changes in circulating corticosterone levels (3, 12) .
The molecular mechanism through which OEA inhibits feeding has been partially elucidated.
In vitro studies have shown that OEA is a high-affinity agonist of peroxisome proliferatoractivated receptor-α (PPAR-α) (13) -a nuclear receptor present in the small intestine and implicated in the regulation of energy balance and lipid metabolism (14) (15) (16) (17) . OEA binds to the purified ligand-binding domain of PPAR-α with a K D of approximately 40 nM and activates this receptor in cell-based assays with a half-maximal effective concentration (EC 50 ) of 120 nM (13) . Furthermore, in vivo experiments have revealed that genetic deletion of PPAR-α abrogates the anorexiant effects of OEA without altering those evoked by CCK-8 and fenfluramine (13) . Finally, it has been shown that synthetic PPAR-α agonists, but not agonists of PPAR-δ and PPAR-γ, produce a hypophagic response that is behaviorally indistinguishable from that elicited by OEA, and is absent in mutant mice lacking PPAR-α (13) . A parsimonious interpretation of these results is that OEA regulates food intake in rodents by selectively activating intestinal PPAR-α. Notably, OEA can also activate the G protein-coupled receptor, GPR119 (8) , and the vanilloid receptor channel, TRPV1 (18) , albeit at micromolar concentrations. However, the contribution of these receptors to the satiety-inducing effects of OEA is still undefined.
The enzyme pathway considered responsible for OEA formation and deactivation in mammalian tissues is illustrated in Fig. 1 . Its first step is the transfer of a fatty-acid residue from the sn-1 position of phosphatidylcholine to the free amine group of phosphatidylethanolamine. This reaction is catalyzed by an N-acyltransferase (NAT), which remains to be molecularly identified, and yields a heterogeneous family of N-acyl phosphatidylethanolamine (NAPE) species. The second step is the cleavage of NAPEs to produce other fatty-acid ethanolamides (FAEs), including OEA, a step catalyzed by NAPEspecific phospholipase D (NAPE-PLD) (19, 20) . OEA deactivation consists in the intracellular hydrolysis of this lipid amide to oleic acid and ethanolamine, which is thought to be mediated by fatty-acid amide hydrolase (FAAH), an intracellular membrane-bound serine hydrolase (21) , and/or N-acylethanolamine-hydrolyzing acid amidase (NAAA), a lysosomal cysteine hydrolase (22) (Fig. 1 ).
Although previous reports have shown that feeding regulates intestinal OEA levels (3) (4) (5) 13) , the mechanistic details of this process have not been fully elucidated. In the present study, we show that food intake promotes OEA mobilization in the mucosal layer of the rodent proximal intestine through a concerted regulation of NAPE biosynthesis, NAPE-PLD activity and OEA hydrolysis.
Experimental Procedures Animals
Adult male Wistar rats (250-300 g) were purchased from Charles River (Wilmington, MA). FAAH −/− and NAPE-PLD −/− mice were generated and bred as described (23, 24) . A 12-hour light/dark cycle was set with lights on at 5:30 am. Water and standard chow pellets (Prolab RMH 2500; PMI Nutrition International, Brentwood, MO) were available ad libitum, except when animals were food deprived. Food deprivation was conducted for 24 h in bottom-wired cages to prevent coprophagia. All procedures met the National Institutes of Health guidelines for the care and use of laboratory animals and were approved by the Institutional Animal Care and Use Committee of the University of California, Irvine.
Chemicals
Fatty acid chlorides were purchased from Nu-Chek Prep (Elysian, MN), 1,2-dipalmitoyl-snglycero-3-phosphoethanolamine from Sigma-Aldrich (St. Louis, MO), and tetrahydrolipstatin (THL) from ChemPacific (Baltimore, MD). N-cyclohexanecarbonylpentadecylamine was a kind gift from Dr. Natsuo Ueda (Kagawa University, Japan).
Chemical syntheses
URB597 was synthesized as described (25) . OEA and other FAEs were prepared by the reaction of fatty-acid chlorides with a 10-fold molar excess of ethanolamine (Sigma-Aldrich) or [ 2 H 4 ]-ethanolamine (Cambridge Isotope Laboratories, Andover, MA). Reactions were conducted in dichloromethane at 0-4°C for 15 min, with stirring. The products were washed with water, dehydrated over sodium sulphate, filtered, and dried under N 2 . They were characterized by liquid chromatography/mass spectrometry (LC/MS) and 1 H nuclear magnetic resonance spectroscopy. Purity was >98% by LC/MS. NAPEs were prepared by the reaction of fatty-acid chlorides with a two-fold molar excess of 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine. Reactions were conducted in dichloromethane at 25°C for 2 hours, using triethylamine (Sigma-Aldrich) as a catalyst. The products were washed with water, fractionated by silica gel thin-layer chromatography (chloroform/methanol/ammonia, 80:20:2, vol/vol/vol) and characterized by LC/MS coupled to tandem mass spectrometry (LC/MS n ). Purity was >95%.
Lipid extractions
Rats were sacrificed with halothane and tissues were rapidly collected and snap-frozen in liquid N 2 . Plasma was prepared as described (26) . Frozen tissues were weighed and homogenized in methanol (1ml per 100 mg tissue) containing [ 2 H 4 ]-FAEs and 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-heptadecanoyl as internal standards. Lipids were extracted with chloroform (2 vol) and washed with water (1 vol). Organic phases were collected and dried under N 2 . FAEs and NAPEs were fractionated by open-bed silica gel column chromatography, as described (27) . Briefly, the lipids were reconstituted in chloroform and loaded onto small glass columns packed with Silica Gel G (60-Å 230-400 Mesh ASTM; Whatman, Clifton, NJ). FAEs and NAPEs were eluted with 9:1 and 5:5 chloroform/methanol (vol/vol), respectively. Eluates were dried under N 2 and reconstituted in 0.1 ml of chloroform/methanol (1:4, vol/vol) for LC/MS and LC/MS n analyses.
LC/MS analyses
We used an 1100-LC system coupled to a 1946A-MS detector (Agilent Technologies, Inc., Palo Alto, CA) equipped with an electrospray ionization (ESI) interface. FAEs were separated using a XDB Eclipse C18 column (50×4.6 mm i.d., 1.8 μm, Zorbax), eluted with a gradient of methanol in water (from 85% to 90% methanol in 2.5 min) at a flow rate of 1.5 ml/min. Column temperature was kept at 40°C. MS detection was in the positive ionization mode, capillary voltage was set at 3 kV and fragmentor voltage was varied from 120 to 140 V. N2 was used as drying gas at a flow rate of 13 liters/min and a temperature of 350°C. Nebulizer pressure was set at 60 PSI. Quantifications were conducted using an isotope-dilution method, monitoring Na + adducts of the molecular ions ([M+Na] + ). Limit of quantification for OEA was 0.25 pmol, as determined by injecting into the LC/MS various amounts of OEA in the presence of 100 pmol of [ 2 H 4 ]-OEA standard.
LC/MS n analyses
We used an 1100-LC system (Agilent Technologies) equipped with a Ion Trap XCT (Agilent Technologies). NAPEs were separated using a Poroshell 300SB C 18 column (2.1×75 mm i.d., 5 μm, Agilent) maintained at 50°C. A linear gradient of methanol (A) in water (B) containing 5 mM ammonium acetate and 0.25% acetic acid (from 85% to 100% of B in 4 min) was applied at a flow rate of 1 ml/min. Detection was set in the negative mode, capillary voltage was 4.5kV, skim1 −40V, and capillary exit −151V. N 2 was used as drying gas at a flow rate of 12 liters/ min, temperature of 350°C and nebulizer pressure of 80 PSI. Helium was used as collision gas. Tissue-derived NAPEs were identified by comparison of their LC retention times and MS n fragmentation patterns with those of authentic standards, prepared as described above. We acquired full-scan MS n spectra of selected NAPE precursor-ions by multiple reaction monitoring. Extracted ion chromatograms were used to quantify each NAPE precursor-ion by monitoring characteristic productions, as follows: 1-stearoyl-2-arachidonoyl-sn-glycerophosphoethanolamine-N-oleoyl (m/z 1030.8>744.8), 1-stearoyl-2-arachidonoyl-sn-glycerophosphoethanolamine-N-palmitoyl (m/z 1004.8>718.8) and 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-heptadecanoyl (m/z 942.8>704.8), which was used as internal standard. Detection and analysis was controlled by Agilent/Bruker Daltonics software version 5.2 and 3D maps were generated using MS Processor from Advanced Chemistry Development, Inc. (Toronto, Canada).
NAPE-PLD Assays
Rats were anesthetized with halothane and sacrificed by decapitation. Tissues were removed and homogenized in ice-cold Tris-HCl (20 mM, 10 vol, pH 7.4) containing 0.32 M sucrose. NAPE-PLD activity was measured at 37°C for 30 min in Tris-HCl buffer (50 mM, pH 7.4) containing 0.1% Triton X-100, 1 mM of phenylmethylsulphonylfluoride (PMSF), tissue homogenate protein (100 μg) and 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-Nheptadecenoyl (100 μM) as substrate. The reactions were stopped by adding chloroformmethanol ( 
FAAH Assays
Tissues homogenates were centrifuged at 800×g for 15 min and then at 27,000×g for 30 min. The 27,000×g pellet was suspended in phosphate-buffered saline (PBS, pH 7.4). Reactions were conducted at 37°C for 30 min in 0.5 ml of Tris buffer (50 mM, pH 8.0) containing fatty acid-free bovine serum albumin (0.05%), protein (50 μg) and anandamide[ethanolamine-3 H] (10,000 dpm, specific activity 20 Ci/mmol; American Radiolabeled Chemicals [ARC], St. Louis, MO) or OEA[ethanolamine-3 H] (10,000 dpm, specific activity 15 Ci/mmol; ARC). After stopping the reaction with 1 ml chloroform/methanol (1:1, vol/vol), we measured radioactivity in the aqueous layers by liquid scintillation counting.
Quantitative PCR
Total RNA was extracted from tissue with TRIzol™ (Invitrogen, Carlsbad, CA) and quantified with Ribogreen™ (Molecular Probes, Eugene, OR). cDNA was synthesized from 2 μg of total RNA by using Superscript II RNase H-reverse transcriptase (Invitrogen) following the manufacturer's instructions. Real-time quantitative PCR (Q-PCR) was performed in an Mx 3000P system (Stratagene, La Jolla, CA). Primers and fluorogenic probes were synthesised at TIB (Adelphia, NJ). The primer/probe sequences were: NAPE-PLD, forward primer: TGGCTGGGACACGCG, reverse primer: GGGATCCGTGAGGAGGATG, probe: CGCTGATGGTGGAAATGGACGAGC; FAAH, forward primer: GCCTCAAGGAATGCTTCAGC, reverse primer: TGCCCTCATTCAGGCTCAAG, probe: ACAAGGGCCACGACTCCACACTGG; GAPDH, forward primer: AAGTATGATGACATCAAGAAGGTGGT, reverse primer: AGCCCAGGATGCCCTTTAG, probe: AAGCAGGCGGCCGAGGGC. mRNA expression levels were normalized by using glyceraldehyde 3-phosphate dehydrogenase (GAPDH) as an internal standard, and were calculated as described (28) .
Antibody Generation
We constructed a glutathione S-transferase (GST)-linked peptide comprising residues 38-53 of rat NAPE-PLD. The DNA fragment was amplified using primers incorporated with BamHI and XhoI restriction sites on the 5′ and 3′ end of amplicon, respectively. After digestion with BamHI and XhoI, amplicon was subcloned into vector pGEX-4T-1 (Amersham, Piscataway, NJ). The fusion protein was expressed in E. coli BL-21 cells (Novagen, Madison, WI) and purified using Glutathione Sepharose™ 4B (Amersham) following manufacturer's instruction. The polyclonal NAPE-PLD antibody was raised in rabbits and characterized using standard procedures (29) .
Immunohistochemistry
Mice were deeply anesthetized with halothane and their tissues were fixed by cardiac perfusion with saline followed by 4% paraformaldehyde in PBS (0.1 M, pH 7.2). The duodenum was collected and rinsed with PBS. 15 μm-thick transverse sections were cut with a Cryostat. The sections were rehydrated and treated with 0.3% H 2 O 2 in methanol for 30 min to inactivate endogenous peroxidases, rinsed in PBS for 10 min, exposed to blocking serum (3% normal goat serum) for 2 hr at room temperature, rinsed again in PBS, and incubated overnight at 4ºC with the NAPE-PLD antibody (1:1,000 dilution) or a commercial anti-FAAH antibody (1:500 dilution; Chemicon, Temecula, CA). After the incubation, the sections were rinsed in 0.1 M PBS for 10 min and exposed to anti-rabbit IgG HRP (1:1,000 dilution, Vector Lab, Burlingame, CA) for 1 hour. After an additional 10 min rinse, the sections were treated with VectaStain ® Elite ABC reagent (Vector Lab) for 30 min and developed with the diaminobenzidine (DAB) detection kit (Vector Lab). The sections were counterstained by hematoxylin and mounted with Permount (Sigma).
Protein analysis
Rat jejunal mucosa was homogenized in Tris-HCl buffer (50 mM, pH8.0) containing protease inhibitor cocktail V (Calbiochem, San Diego, CA). 20 μg of homogenate were electrophoresed on 4-15% SDS polyacrylamide gel (Invitrogen), and transferred onto Immobilon™ membranes (Millipore, Billerica, MA). Western blot analyses were conducted using antibodies against NAPE-PLD (1:1,000), FAAH (1:500; Chemicon) and β-actin (1:10,000; Calbiochem). Bands were visualized with an electrochemiluminescence (ECL) -Plus kit (Amersham Biosciences Inc., Piscataway, NJ).
Statistical Analyses
Results are expressed as means ± SEM. Statistical significance was evaluated using the Student's t-test or, when appropriate, one-way analysis of variance followed by the Dunnett's post-hoc test. Analyses were conducted using GraphPad Prism (GraphPad Software, San Diego, CA), and differences were considered significant if P < 0.05.
RESULTS

Effects of nutrient availability on OEA mobilization in rat tissue
We used an isotope-dilution LC/MS assay to measure OEA levels in various organs and tissues of free-feeding rats, 24-h food-deprived rats, or 24-h food-deprived rats that had been reexposed to food for 10, 30 or 60 min. Confirming previous results (3,4), we found that fasting decreases OEA content in the two most proximal segments of the small intestine, duodenum and jejunum, while refeeding rapidly reverses this effect ( Fig. 2A,B) . By contrast, no such a change was observed in other intestinal segments (ileum, stomach and colon) (Fig. 2C and Table 1 ), in a broad panel of internal organs and tissues (kidney, heart, lung, skeletal muscle, liver, pancreas, spleen, epididymal white adipose pads, plasma) (Table 1) , or in brain structures involved in the control of feeding (brainstem, hypothalamus, thalamus, striatum and cortex) ( Table 2 ). Indeed, several visceral organs, including liver and pancreas, responded to food deprivation with an increase rather than a decrease in OEA levels ( Table 1 ), suggesting that nutrient availability regulates OEA mobilization in a tissue-specific manner.
Effects of food deprivation on intestinal FAE mobilization
Because OEA is thought to share a common biosynthetic pathway with other bioactive FAEs, we identified and quantified other members of this lipid family in the duodenum and jejunum of fasting and free-feeding rats. The results of these analyses are reported in Table 3 (Table 3) . By contrast, food deprivation did not change the duodenal or jejunal content of palmitoylethanolamide (PEA, 16:0) (Fig. 3A,B) and stearoylethanolamide (SEA, 18:0) (Table 3) . Moreover, as previously reported (4, 30) , food deprivation increased levels of the endocannabinoid anandamide (eicosatetraenoylethanolamide, 20:4Δ 5,8,11,14 ) (Fig. 3C,D and Table 3 ). The findings indicate that food intake (i) enhances the intestinal mobilization of a subgroup of FAEs that include OEA, but not PEA and SEA; and (ii) differentially regulates OEA and anandamide mobilization in the small intestine; the mechanism responsible for fasting-induced anandamide mobilization was not further investigated.
Localization of feeding-dependent OEA mobilization in the small intestine
To test whether nutrient availability differentially affects OEA mobilization in the luminal and serosal portions of the small intestinal wall, we separated these structures with a blunt spatula (Fig. 4A) and measured OEA content in each of them separately. Fasting and refeeding strongly altered OEA mobilization in luminal fractions of duodenum or jejunum (Fig. 4B,D) , but had no effect in corresponding serosal fractions (Fig. 4C,E) . Thus feeding-induced OEA mobilization appears to be restricted to anatomical structures located in the innermost aspect, most likely the mucosal layer, of the duodenal and jejunal wall.
Identification of OEA-generating NAPEs in the small intestine
The biosynthesis of NAPEs, catalyzed by NAT, is thought to be the first committed step in OEA mobilization (Fig. 1) . We used LC/MS n to identify NAPE species that may serve as OEA precursors in the small intestine. An example of our approach is illustrated in Fig. 5 , which shows the elution profile and mass spectra (MS 1 -MS 3 ) generated by the endogenous NAPE, 1-stearoyl-2-arachidonoyl-sn-glycero-phosphoethanolamine-N-oleoyl (m/z = 1030.8) (Fig.  5A,B) , along with the fragmentation pattern deduced from these spectra (Fig. 5C ). Notable in this pattern is the sequential loss of the sn-2 and sn-1 fatty-acid substituents, with eventual generation of a fragment containing the N-acyl moiety (Fig. 5C). Fig. 6A depicts a bidimensional LC/MS tracing (LC elution time versus m/z) of NAPE species present in the luminal fraction from the jejunum of refed rats, and Fig. 6B reports the LC/MS n identification and relative quantification of OEA-generating NAPEs within this fraction. Quantifications were conducted using the unnatural synthetic NAPE, 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-heptadecanoyl, as an internal standard. These analyses revealed an unexpected paucity of NAPEs containing ether-or vinyl ether-linked fatty acids at the sn-1 position (< 2%). By contrast, sn-1 ether-containing NAPEs, which are readily identifiable by their distinctive fragmentation pattern (Fig. 7A,B) , were abundant in the jejunal serosal fraction (Fig. 7C-E) . The functional significance of this heterogeneity is unclear at present, but presumably reflects the different functions served by mucosal and serosal cell layers in intestinal physiology.
Effects of nutrient availability on intestinal NAPE biosynthesis
Next, we determined whether nutrient availability regulates intestinal NAPE levels in the luminal fraction of rat jejunum. To this end, we quantified by LC/MS n the most abundant intestinal NAPE precursors for OEA and PEA: respectively, 1-stearoyl-2-arachidonoyl-snglycero-3-phosphoethanolamine-N-oleoyl (Fig. 6, 5 ) and 1-stearoyl-2-arachidonoyl-snglycero-3-phosphoethanolamine-N-palmitoyl (Fig. 6, 9 ). The results show that fasting decreased jejunal levels of the OEA precursor 5, while refeeding produced an opposite effect (Fig. 8A) . By contrast, levels of the PEA precursor 9 remained unchanged (Fig. 8B ). This response mirrors the one previously observed with OEA and PEA (Fig. 2) , further underscoring the selective nature of feeding-induced OEA mobilization.
Effects of nutrient availability on intestinal NAPE-PLD activity
NAPE-PLD catalyzes the conversion of NAPEs to OEA and other FAEs (Fig. 1) . Using an LC/MS-based assay, we measured NAPE-PLD activity in homogenates of jejunal tissue obtained from free-feeding, food-deprived or food-deprived/refed rats. The results show that fasting decreases tissue NAPE-PLD activity, while refeeding rapidly reverses this effect (Fig.  9A) . Quantitative RT-PCR and western blot analyses revealed a parallel, albeit slower change in jejunal NAPE-PLD mRNA (Fig. 9B ) and protein levels (Fig. 9B inset) . To confirm the presence of NAPE-PLD in the small intestine and determine its cellular localization, we immunostained sections of duodenal tissue from wild-type and NAPE-PLD-deficient (NAPE-PLD −/− ) mice (24) using a selective polyclonal antibody raised against the N-terminal sequence of rat recombinant NAPE-PLD. The antibody specifically stained cellular elements in the duodenal epithelial layer and lamina propria from wild-type mice (Fig. 9C) . Only background staining was observed in corresponding structures of NAPE-PLD −/− mice (Fig. 9D) . The results indicate that (i) both NAPE-PLD activity and expression levels are regulated by nutrient availability, albeit with difference time-courses; and (ii) NAPE-PLD is expressed in intestinal enterocytes and lamina propria cells.
Effects of nutrient availability on intestinal FAAH activity
FAAH catalyzes the hydrolytic cleavage of OEA and other FAEs (Fig. 1) . We determined the effects of nutrient availability on FAAH activity in membrane preparations of mucosal tissue from rat jejunum, using either [ 3 H]-OEA or [ 3 H]-anandamide as a substrate. Irrespective of the substrate used, fasting produced a remarkable increase in FAAH activity, which was completely reversed within 60 min of reexposure to food (Fig. 10A and data not shown) . Quantitative RT-PCR and western blot analyses revealed parallel, but slower changes in jejunal FAAH mRNA (Fig. 10B ) and protein levels (Fig. 10B inset) . Beside FAAH, intestinal tissue contains other lipid hydrolases, including pancreatic lipase (31) and NAAA (22) , which might contribute to the changes in OEA hydrolysis elicited by fasting and refeeding. Thus, to determine the role of FAAH in this response, we incubated jejunal membrane preparations from mucosal layer of food-deprived rats with the selective FAAH inhibitor URB597 (1 μM) (32), the pancreatic lipase inhibitor tetrahydrolipstatin (THL, 1 μM) (33), or the NAAA inhibitor N-cyclohexanecarbonylpentadecylamine (CPP, 100 μM) (34). URB597 inhibited [ 3 H]-OEA hydrolysis by approximately 50%, whereas THL and CCP had little or no effect (Fig. 10C) . To confirm the presence of FAAH in the small intestine and determine its cellular localization, we immunostained sections of duodenal tissue from wild-type and FAAH −/− mice with a commercial polyclonal antibody. The antibody specifically stained cellular elements in the epithelial layer and, to a minor extent, lamina propria of wild-type mouse duodenum (Fig.  10D) . By contrast, only background staining was observed in corresponding structures from FAAH −/− mice (Fig. 10E) . The findings outlined above suggest that (i) food deprivation markedly increases FAAH activity and expression; (ii) refeeding decreases FAAH activity, presumably through a post-translational mechanism; (iii) refeeding also reduces FAAH expression; (iv) like NAPE-PLD, FAAH is expressed in intestinal enterocytes and lamina propria cells; and (v) other hydrolase activities, beside FAAH, may contribute to feedingregulated OEA hydrolysis.
DISCUSSION
Intrinsic signals generated by the gut play critical roles in the regulation of feeding behavior and digestion. As ingested food transits through the small intestine, it stimulates nutrientsensing endocrine cells to secrete biologically active peptides, which modulate feeding and aid in the digestion and absorption of nutrients (10) . For example, fat and protein in the chyme interact with endocrine I cells in the duodenal and jejunal mucosa, causing the release of CCK-33 and CCK-8 into the bloodstream. These peptides engage type-1 CCK receptors located on vagal sensory fibers and visceral organs, initiating a coordinated physiological response that shortens the duration of an ongoing meal, modulates gastrointestinal motility, and induces gallbladder contraction and pancreatic secretion (9) . In addition to its wellrecognized ability to stimulate the release of regulatory peptides, food intake may also control the mobilization of lipid mediators such as OEA, the intestinal levels of which decrease during food deprivation and increase upon refeeding (3) (4) (5) . However, despite the potential role of OEA as a lipid-derived satiety factor (3,13), the molecular mechanisms underlying OEA release in the gut remain largely undefined.
The present results demonstrate that feeding-dependent OEA mobilization is confined to the mucosal layer of the duodenal and jejunal wall, where the OEA-metabolizing enzymes NAPE-PLD and FAAH are localized. Our study further shows that food intake, in addition to mobilizing OEA, also enhances the formation of OEA-generating NAPEs, increases NAPE-PLD activity, and decreases FAAH activity. These changes in enzyme activity are likely to be caused by a combination of post-translational modifications -which appear to occur within minutes of food presentation -and more prolonged alterations in gene expression. Thus, nutrient availability may control OEA signaling in duodenal and jejunal mucosa by reciprocally regulating OEA biosynthesis -through activation of the NAT/NAPE-PLD pathway -and OEA hydrolysis -through downregulation of FAAH and, possibly, other as-yet-uncharacterized amidases. The physiological mechanism underlying these regulatory events remains to be determined, although its rapid time-course suggests the participation of neural or neurohumoral factors.
In a recent report, Petersen et al. (4) confirmed our earlier finding that food deprivation and refeeding regulate OEA and NAPE levels in the small intestine (3, 13) , but failed to observe any detectable change in NAPE-PLD and FAAH activities under those conditions. This discrepancy is likely due to methodological differences between studies. In particular, Petersen et al. conducted their analyses on membranes prepared from the entire small intestine, whereas we used either total homogenates, or luminal fractions from duodenum and jejunum, which are enriched in OEA-metabolizing enzymes. Nevertheless, future experiments using genetically modified mice and selective enzyme inhibitors will be necessary to establish the role of NAPE-PLD and FAAH in feeding-dependent OEA mobilization.
Beyond the plausible implication of the NAPE-PLD/FAAH pathway, suggested by our biochemical and immunostaining experiments, several aspects of feeding-dependent OEA mobilization remain to be elucidated. Three points appear to be particularly relevant. The first pertains to the selectivity with which food intake mobilizes OEA and various polyunsaturated FAEs, compared to their saturated counterparts PEA (16:0) and SEA (18:0). The finding of a parallel chemoselectivity in the biosynthesis of NAPEs suggests the existence of a regulatory step located upstream of NAPE-PLD; however, the identity of this hypothetical step remains unknown. The second point, related to the first, concerns the possible functions served by linoleoylethanolamide (18:2Δ [9] [10] [11] [12] ) and other polyunsaturated FAEs that are released together with OEA. Evidence indicates that these compounds may not affect food intake (4), raising the intriguing possibility that they might contribute to distinct aspects of intestinal OEA signaling, such as the regulation of fatty acid intake (35) . The final point refers to the anatomical specificity of OEA signaling. The ability of food deprivation to inhibit OEA mobilization in the proximal intestine, and enhance it in liver and spleen, implies that OEA may be released in a tissue-restricted and stimulus-specific manner. Two additional results support this view. First, acute cold exposure stimulates OEA mobilization in rodent white adipose tissue, but has no such effect in small intestine, liver or skeletal muscle (36) . This response is prevented in vivo by the β-antagonist propranolol and is reproduced in vitro by noradrenaline and the β-agonist isoproterenol, suggesting that it may be mediated by sympathetic activation of β-adrenoreceptors on adipose cells (36) . Second, food deprivation and refeeding only modestly affect plasma OEA concentrations (Table 1 ), which at their highest level are 15-400 times lower than those expected to produce significant activation of PPAR-α (EC 50 ≈ 120 nM) (13), GPR-119 (EC 50 ≈ 3.2 μM) (8) or TRPV1 (EC 50 ≈ 2 μM) (37). Together, these observations are consistent with the possibility that OEA may act as a paracrine signal rather than as a blood-borne hormone.
Previous work has shown that pharmacological administration of OEA delays meal initiation and prolongs the interval between successive meals, rather than reducing meal size (6,13). We report here that feeding-dependent OEA mobilization is confined to the innermost layers of the gut wall and is not accompanied by significant changes in circulating OEA levels. Thus, unlike classical satiety factors such as CCK -which are released into the bloodstream to terminate an ongoing meal -OEA may be produced and act within the gut to prolong the interval between successive meals. Such an action would be consistent with the pattern of OEA mobilization -which occurs after rather than during a meal -and is reminiscent of the physiological role proposed for PYY , a member of the pancreatic family of polypeptides that is released postprandially and suppresses food intake for an extended time period (38) . Proposed route of OEA formation and degradation in vertebrate tissues. PE, phosphatidylethanolamine; PC, phosphatidylcholine; PA, phosphatidic acid; NAT, N-acyl transferase; NAPE-PLD, N-acyl phosphatidylethanolamine-specific phospholipase D; FAAH, fatty-acid amide hydrolase; NAAA, N-acylethanolamine-hydrolyzing acid amidase. Feeding-induced OEA mobilization in the rat proximal small intestine. Effect of free-feeding (FF), 24-h food deprivation (FD) and refeeding (10, 30 and 60 min) on OEA levels in duodenum (A), jejunum (B) and ileum (C).*p < 0.05, ** p < 0.01 vs FD, n = 10-12. Effects of nutrient availability on PEA and anandamide levels in the rat proximal small intestine. Effects of free-feeding (FF), 24-h food deprivation (FD) and refeeding (10, 30 and 60 min) on the levels of PEA (A-B) and anandamide (C-D) in duodenum (left) and jejunum (right). * p < 0.05, ** p < 0.01 vs FD, n = 10-12. Feeding-induced OEA mobilization is restricted to the lumen of the rat proximal small intestine. A, Hematoxylin staining of a section of rat duodenum before (left) or after (right) removal of the lumen by scraping with a blunt spatula. Scale bar, 100 μm. Effects of free-feeding (FF), 24-h food deprivation (FD) and refeeding (10, 30 and 60 min) on OEA contents in luminal (B, D) and serosal fraction (C, E) of duodenum (B-C) and jejunum (D-E). *p < 0.05, **p < 0.01, ***p < 0.001 vs FD, n = 10-12. Molecular composition and relative quantification of OEA-generating NAPE species in the serosal layer of rat jejunum. MS 3 fragmentation of representative sn-1 alkenyl NAPE (A) and sn-1 alkyl NAPE (B) identified in jejunal serosal layer. C, Mirrored display of averaged MS 1 spectra at retention time from 2.7 to 3.7 min of serosal (top) and luminal (bottom) NAPEs. Arrows denote alkyl or alkenyl NAPE species. Numbers refer to the identification of those species, reported in panel E. D, Representative bidimensional LC/MS contour map of NAPEs from jejunal serosal fraction. The first dimension is elution time and the second is m/z. The colored density distribution represents relative intensity of the signal. Each number denotes an individual pseudo-molecular ion for 1-alkenyl (alkyl), sn-2-acyl NAPE species (10) (11) (12) (13) (14) (15) (16) (17) . E, Feeding stimulates NAPE accumulation in the luminal layer of rat jejunum. Effects of free feeding (FF), 24-h food deprivation (FD), and refeeding (10, 30 and 60 min) on the levels of (A) 1-stearoyl,2-arachidonoyl-sn-glycero-3-phosphoethanolamine-N-oleyl (N-oleoyl PE, 5) and (B) 1-stearoyl,2-arachidonoyl-sn-glycero-3-phosphoethanolamine-N-pamitoyl (Npalmitoyl PE, 9), as assessed by LC/MS n . *p < 0.05, **p < 0.01 vs FD, n = 8-10. FF, free-feeding; FD, 24-h food-deprivation. n.d. = non-detectable; tr=trace levels.
